
Assessment of Dental Aerosols within A Dental Clinical Unit: An 
Avenue for the Transmission of Resistant Nosocomial Infection

SONIA T BREDENKAMP1* and CHARLENE WJ AFRICA2

1Faculty of Dentistry, University of the Western Cape, Cape Town, South Africa. 
2Department of Medical Biosciences, Faculty of Science, University of the Western Cape, 

Cape Town, South Africa.

Abstract 
The generation of aerosols in the dental clinic presents a risk for the  
transmission of nosocomial infections and should be monitored. 
Antimicrobial-resistant bacteria transmitted via routine dental procedures 
may complicate prophylaxis for infectious endocarditis. This study examined 
the role of dental aerosols in transmitting antimicrobial-resistant bacteria 
between dental healthcare personnel and patients in a dental teaching clinic.  
Using passive sampling, sterile blood agar plates were positioned at 
predetermined sites and exposed for 1 h after which they were incubated 
at 37°C for 48 h. Their colony forming units (CFU) were quantified, and 
their species and antimicrobial susceptibility assessed using the VITEK®2 
automated system. Compared with the control plates, plates exposed during 
scaling and polishing produced higher CFU counts than other restorative 
procedures. Gram-positive cocci constituted 104 (87%) of the total number 
of isolates (n = 119) with Micrococcus luteus (31.1%) and Staphylococcus 
hominis (8.4%) predominating Of ten strains of Staphylococcus hominis ssp 
hominis, all showed susceptibility to gentamycin, ciprofloxicin, clindamycin, 
linezolid, teicoplanin, vancomycin, tigecycline, rifampicin and trimethoprim/
sulfamethoxazole; five showed resistance to fosfomycin; three showed 
resistance to erythromycin; and one showed resistance to oxacillin, 
daptomycin, tetracycline and fusidic acid. A low risk for the nosocomial 
transmission of resistant bacteria via aerosols was established.
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Introduction
The spread of nosocomial infections in healthcare 
settings poses a serious threat to public health, 
particularly in the dental clinic, where a high rate of 

nosocomial infections (infections notpresent when 
the patient was admitted) is known to occur.1 This 
may be attributed to several factors including the 
environment, patient immunosuppression, prolonged 
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antibiotic use and inadequate practices among 
healthcare workers.2

There is a high risk of disease transmission in 
dentistry due to procedures that generate bioaerosols 
and splatter,3-5 particularly in university settings 
where patients are attended to simultaneously. The 
use of high-speed cutting tools may result in an 
overload of contaminating aerosols.6

    
Pathogen transmission between patients and staff 
can occur through saliva, blood (especially accidental 
punctures with contaminated needles), inadequate 
surface and instrument sterilization (including dental 
unit waterlines)7-9 and the environmental dispersing 
of oral and respiratory tract microorganisms in dental 
aerosols and splatter.10 Aerosols generated by water 
and air instruments (aerosol particles of < 1–5 µm)  
can penetrate lung tissue11 and initiate a lower 
respiratory tract infection. Small particles do not settle  
quickly and their extended suspension in the air  
allows for their dispersal over a wider area, thereby 
increasing their potential to infect.12,13

  
Aerosol splatter are  spread throughout the dental 
clinic and towards the dentist’s face and patient’s 
chest, respectively.9 Thoracic and inhalable aerosols 
(10–15 µm and 100-200 µm, respectively) penetrate 
the trachea and nasal areas, while droplets (>200 µm)  
are not airborne for extended periods and evaporate 
before reaching the ground or settling on the skin 
and mucous membranes  of oral healthcare workers,  
resulting in contact infections.14 During the SARS- 
CoV-2 (also known as COVID-19) pandemic in 2019, 
infection control precautions were enhanced in all 
medical facilities to prevent the spread of the virus, 
directing the focus of healthcare workers to the role 
of aerosols in infection transmission.15,16

 
Despite creating different mitigation strategies 
and devices to address safety in aerosols and 
splatter generation-17-19 most studies focused on 
viral aerosole contamination20 and few studies 
reported on the monitoring and removing of micro- 
biologically contaminated air from private and public 
dental rooms.21 The increased use of disinfectants 
during the COVID era contributed to an increase 
in the transmission of antimicrobial resistance 
(AMR)22 with aerosols playing a major role in 
transmitting AMR genes23,24 The United Nations 

Frontiers report25 listed antimicrobial resistance as 
a significant growing public health concern and an 
understanding of the airborne transmission of AMR is 
essential because of its importance within the “One 
Health” concept. Even though their guidelines for  
dental practices were revised during the pandemic,26 
neither the Centres for Disease Control (CDC)
(2003) nor the World Health Organisation (WHO)  
guidelines27 mention the risk of AMR transmission via 
dental aerosols. The transmission of microbes during 
dental procedures should not be underestimated. 
The role of oral pathogens in the development 
of endocarditis during certain dental procedures 
has gained new interest, with Staphylococcus, 
Streptococcus and Enterococcus species contri- 
buting to approximately 90% of dentally-acquired 
infectious endocarditis cases.28 Increasing reports  
of their emerging AMR question the efficacy of currently  
used prophylactic antibiotics to prevent possible 
endocarditis.29 This study aimed to assess microbial 
dental aerosol transmission during basic restorative 
procedures to determine whether AMR bacteria 
can be nosocomially transmitted within a university 
dental clinical setting. To our knowledge, it is the 
first such study conducted in the Western region of  
XXXX with the following objectives.

•	 To quantitatively and qualitatively assess 
dental aerosols before and during basic dental 
procedures using passive air sampling (using 
exposed blood agar plates) and 

•	 To identify the bacterial isolates and their 
antimicrobial profiles 

Materials and Methods
Ethical Approval
Ethical clearance was obtained from …XXXX…

Study Design and Area
This randomised clinico-microbial study consisted 
of microbial monitoring of the clinical environment in 
the restorative undergraduate dental clinic of XXXX. 
The clinical area is divided into eight dental cubicles. 
Each cubicle measures 696 m2, 2 960 m long, 2 440 
m wide and 15 330 m high.

Microbial identification and characterization were 
performed in the laboratories of the Faculty of 
Natural Sciences in collaboration with …XXXX …
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Clinical Protocol    
Aerosols were collected within the dental clinic 
using passive sampling. The standard booking 
protocol for the undergraduate dental clinic in the 
faculty of Dentistry required that service-rendering 
dentists screened the patients and recorded their 
demographics, medical history and complaint that 
brought them to the clinic and then referred them 
for treatment according to their treatment needs. 
Patients needing restorations and a scale and polish 
(n = 40) were referred to the primary investigator.     
     
Microbial monitoring of aerosols was conducted on 
two to three patients/day during basic restorative 
work over a three-week period.

Anterior and posterior restorations included cavity 
preparation using a high-speed handpiece (Alegra 
TE98, Jean Weber and Hugo Hampel, Germany), 
caries removal using a low-speed handpiece 
(MKdent/ Ecoline/ LE11, MK-dent), and an ultrasonic 
scaler (SONICflex 2000N /M161707, Kavodental) 
was used for scaling and polishing.   

Cape Town).30 Blood agar (BA) plates were positioned  
on the counter and operational tray (Fig. 1) 1 m from  
the floor and 1 m away from the walls30 at a distance 
of 40 cm (between the tray and operatory site and 
between the counter and tray). BA plates were exposed  
to air for 1 h during the procedures then collected and 
incubated at 37 ºC for 48 h.21 A BA plate placed on the 
boundary wall in the clinic 1 h before the commen- 
cement of passive sampling on each sampling day 
served as a control. 

Blood agar (BA) plates were positioned 1 m from the  
floor and 1 m away from the wall at a distance of 40 cm  
(between the tray and operatory site and between 
the counter and tray). The Control plate was positi- 
oned on the cubicle boundary wall 1 hour before 
treatment.

Assessment of Colony Forming Unis (CFU) on BA 
plates
Bacterial colony counts were recorded (Gallenkamp 
20//CX-300, Gallenkamp Co.Ltd., UK) and their 
morphology described.

Identification and Characterisation of Bacterial 
Isolates 
Pure cultures were obtained by subculture onto 
Trypticase soy agar (TSA, RMR0004, Merck Life 
Sciences GmbH, The Biovac Institute) and incubated 
for 24–48 hours at 37 oC.

BA plates were inspected for purity and confirmed 
by microscopic examination of Gram-stained smears 
at 100X magnification. Species were identified and 
their antimicrobial susceptibility determined using the 
VITEK® 2 system (bioMerieux Inc. France).

Using a sterile swab/ applicator stick, a colony was 
transferred from the pure growth on the TSA into 
the saline-containing polystyrene tube to adjust the 
turbidity to the required McFarland range (Table 1) 
using the DensiCHECKTM instrument (SKU93059, 
BioMerieux).

The appropriate VITEK® AST cards (AST-N255 
and AST-P603 (bioMerieux, US) were selected for 
susceptibility testing according to the Gram stain 
morphology. 

Fig. 1: Placement of blood agar plates. 

Aerosol Collection 
The index of microbial air contamination (IMA) was 
determined using passive sampling on Columbia agar 
(Thermo Scientific, CM0331) supplemented with 5% 
sterile defibrinated horse blood (MRC horse farm,  
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Statistical Analysis
Using ANOVA power analysis, it was estimated that 
40 patients would be needed to obtain a statistically 
viable result for hypothesis testing.

The data were analyzed using IBM SPSS version 26.  
P < 0.05 indicated statistical significance.

Because their distribution was significantly non-
normal, CFU distributions were compared to the 
location, dental treatment and student activity. Two 
independent samples were compared using the 

non-parametric Mann-Whitney test31 and more than 
two independent samples were compared using 
the Kruskal-Wallis test.32 Box and whisker plots 
demonstrated the group distributions. 

Results 
Calculating the Index of Microbial Air Contamination
Each location presented with a median of 5 (Table 2)  
demonstrating no significant difference between the 
distribution of colony counts in the control and each 
of the counter and tray locations (p = 0.881)

Table 1: The VITEK ® card turbidity range of bacterial suspensions

Product	 McFarland Turbidity Range

Gram-negative fermenting and non-fermenting bacilli	 0.50-0.63
Gram-positive cocci and non-spore-forming Bacilli	 0.50-0.63
Yeasts and yeast-like organisms 	 1.80-2.20
Gram-positive spore-forming bacilli 	 1.80-2.20

Reproduction from the the DensiCHECKTM   package insert.

Table 2: A comparison of colony counts on blood agar before and after treatment exposure

Plate 		  Colony Forming Units/ Blood Agar Plate
Location
	 Before		  After treatment
	 Treatment	    

	 Median	 Number	 Treatment	 Median	 Mean (SD)	 P-value*
		  of plates

Control
(n = 19)	 5	 19	 No treatment	 5	 5.6 (3.7)	 IA**
Counter	 5	 4	 Anterior restorations	 4.0	 4.3 (3.3)	 0.360
(n = 40)		  9	 Posterior restorations	 4.0	 4.4 (4.0)	
		  27	 Scale +polish	 5.0	 7.5 (7.7)	
		  13	 All restorations	 4.0	 4.4 (3.6)	
Tray 
(n = 40) 	 5	 4	 Anterior restorations	 4.5	 4.3 (1.0)	 0.475
		  9	 Posterior restorations	 5.0	 5.0 (3.5)	
		  27	 Scale + polish	 6.0	 8.2 (7.7)	
		  13	 All restorations	 5.0	 4.8 (2.9)	

*Statistical significance was defined as p < 0.05 (Kruskall-Wallis test) for comparison between dental 
treatments
**IA = no comparison groups were tested
Abbreviations: No=no treatment; AR=anterior restorations; PR=posterior restorations; ALL= all 
restorations; S+P= scale and polish 
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In summarising the descriptive statistics for the CFUs  
on the test plates (their location and number) and 
the dental treatment administered at the time of 
plate exposure (Table 2), we found that posterior 
restorations produced a higher CFU/plate count than 
anterior restorations on the tray plates.

No significant differences were observed between 
the counter (p = 0.360) and tray (p = 0.475) 
placements during different dental treatments as 
demonstrated in the Kruskal-Wallis  test (Table 2).
   
Although the colony distributions of the control and 
counter placements were similar (Fig. 2) the tray 

placement CFUs were higher. However, this was 
not statistically significant (p = 0.881) as shown by 
the Kruskal-Wallis test.

Isolation and Identification of Colonies
The total number of isolates comprised 119, with 
gram-positive species predominating and few gram-
negative species isolated (Table 3).

The highest colony counts were observed on plates 
placed on the tray and following scaling and polishing 
exposure (Table 3).

Fig. 2: Assessments of colony forming units. The colony forming units 
were similar for the counter and control plates and although the tray 

plates yielded higher counts, the difference was not significant

Table 3: Frequency and percentage distribution of bacterial morphotypes according to dental 
procedures and plate locations.

Gram stain		  Dental treatment	 Location of plate	 Total n (%)

morphology	 Control	 Restorations	 Scale and 	 Counter 	 Tray 
	 n (%)	 n (%)	 Polish n (%)	 n (%)	 n (%)

G-bacilli	 0 (0.0)	 0 (0.0)	 1 (1.5)	 0 (0.0)	 1 (1.8)	 1 (0.8)
G-cocci	 1 (4.2)	 1 (3.4)	 1 (1.5)	 1 (2.5)	 1 (1.8)	 3 (2.5)
G+bacilli	 4 (16.7)	 0 (0.0)	 7 (10.6)	 0 (0.0)	 7 (12.7)	 11 (9.2)
G+cocci	 19 (79.2)	 28 (96.5)	 57 (86.3)	 39 (97.5)	 46 (83.6)	 104 (87.3)
Total	 24 (100)	 29(100)	 66 (100)	 40 (100)	 55 (100)	 119 (100)

G+ = gram-positive, G- = gram-negative
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VITEK® Identification of Isolates
VITEK successfully identified 90% of the isolates, 
4.2 % could not be identified and 5% had no or low 
reactive biopatterns (Supplementary Table A).

The predominant gram-positive cocci isolated were 
Micrococcus luteus (31%), Staphylococcus hominis 
ssp hominis (8.4%) and Kocuria rosea (7.6%).  Among 
the other gram-positive cocci identified were the genera 
Aerococcus, Alloiococcus, Dermacoccus, Gamella, 
Globicatella, Granulicatella, Lactococcus and  
Leuconostoc (Supplementary Table A).   Erysipelothrix 
and Rothia represented the gram-positive bacilli and 
none of the gram-negative cocci or bacilli were 
successfully identified.

Micrococcus luteus predominated regardless of the 
location (30% for the counter and 30.9% for the tray), 
student activity (24.1% versus 36.9% for student 
activity/ no student activity), and dental treatment 
procedure (37.9% for scale and polish and 27.3% for 
restorations). A similar trend was observed for each 
of the isolates identified (Supplementary Table A).

VITEK® Susceptibility Testing 
The bioMérieux instructional sheet (Ref 421040) 
for the VITEK® AST card guided the susceptibility 
testing of enterobacteriaceae, non-fermenters, 
staphylococci, enterococci, streptococci (including 
Streptococcus pnuemoniae, Streptococcus viridans, 
beta-haemolytic streptococci) and yeasts.

Antibiotic profiles are presented as S (susceptibility), 
R (resistance) or I (intermediate). Only S or R for a  
particular species indicates that all isolates of that  
species were susceptible or resistant to that 
particular antibiotic (Supplementary Table B). 

Alloiococcus otitis species were susceptible to all 
the antibiotics tested and resistant to fosfomycin and 
fusidic acid (Supplementary Table B). Leuconostoc 
mesenteroides ssp cremoris was susceptible to all 
the antibiotics except erythromycin.

All four strains of Staphylococccus cohnii ssp cohnii 
were susceptible to gentamycin, ciprofloxacin, 
tigecycline and, trimethoprim/sulfamethoxazole; 
two strains were resistant to oxacillin and one strain 
was resistant to erythromycin, clindamycin, linezolid,  
daptomycin, teicoplanin, vancomycin, tetracycline, 

fosfomycin, fusidic acid and rifampicin. Three strains 
were resistant to fusidic acid, with only one interme- 
diate result shown with rifampicin.Staphylococcus 
capitis was susceptible to all the antibiotics except 
fosfomycin. Staphylococcus cohnii ssp urealyticus  
was susceptible to most antibiotics and resistant to 
oxacillin and fusidic acid; intermediate susceptibility 
was shown to clindamycin and tetracycline. 
Staphylococcus epidermidis was susceptible to 
most antibiotics except oxacillin, erythromycin, 
clindamycin, tetracycline and trimethoprim/
sulfamethoxazole. All Staphylococcus hominis ssp 
hominis strains were susceptible to gentamycin, 
ciprofloxicin, clindamycin, linezolid, teicoplanin, 
vancomycin, tigecycline, rifampicin and trimethoprim/
sulfamethoxazole; five were resistant to fosfomycin; 
three were resistant to erythromycin; and one was 
resistant to oxacillin, daptomycin, tetracycline and 
fusidic acid. Staphylococcus saprophyticus was 
resistant to all the antibiotics except erythromycin, 
fusidic acid and fosfomycin. Streptococcus mitis/  
oralis and Streptococcus salivarius ssp salivarius 
were susceptible to vancomycin, ampicillin, penicillin 
and clindamycin.

Discussion
Passive air sampling reflects the extent of contami- 
nation on critical surfaces at the end of a treatment 
session and highlights high-risk areas for conta- 
mination between patients.33 The present study 
used passive air sampling to assess dental aerosols 
within a university dental clinical when routine dental 
procedures (fillings and scaling) were performed. 
Further, it determined the antimicrobial profiles of 
the bacterial isolates, to establish whether a risk for 
nosocomial transmission of antimicrobial-resistant 
bacteria could occur within a dental clinical setting. 

No significant difference was found between the 
baseline colony counts for the control plates and the 
tray/ counter placements, although the colony counts 
for the tray placements were higher than the counter 
placements, unlike the study by Zemouri et al34 that 
showed a significantly lower IMA in the dental clinic 
before treatment. The higher colony counts for the 
tray placements concur with the studies of Madhuri 
and Girish Babu35 and Zemouri et al34 where the 
highest CFU’s were concentrated at the chest and 
instrument area. Yang et al1 also found the highest 
level of contamination in a triangle formed between 
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the chest area of the dentist, dental assistant and 
patient. The patient’s chest area was the most heavily  
contaminated area.15 

     
As previously reported,1,36-37 scaling and polishing 
generated higher colony counts than anterior and 
posterior restorations followed by cavity preparation 
using high speed handpieces. By contrast, Matys 
and Grzech-Lesniak,8 indicated that less aerosol 
was generated through ultrasonic scaling compared 
to the use of rotary instruments. This was also a key 
finding in a recent systematic review.38

A comparison of the higher mean CFU/plate  for 
posterior and anterior restorations may be due to 
the fact that more time was needed on the complex 
depth required for the preparation of posterior 
restorations, with more aerosol from the water 
spray influencing the risk of increasing microbial 
transmission.8 Earlier clinical studies of dental 
aerosols included dental procedures as part of their  
study design, but their methodologies differed 
according to the objectives and we were unable to 
support or negate their findings.39-43

 
The distance of aerosol spread and their level of 
contamination in the dental surgery is a matter of 
concern, especially with the number of patients 
with oro-nasal methicillin-resistant Staphylococcus 
aureus (MRSA) steadily increasing. This, in addition  
to the emergence of new pathogens, increasing 
AMR, the introduction of faster-rotating instruments, 
modern devices and equipment (often into outdated  
facilities and settings), present their own challenges.44

 
The wide distribution of aerosols that remain 
suspended for a considerable time in dental clinics 
before settling,45 increase the risk of exposure, 
thereby increasing the risk of contact infection as 
well as airborne infection.12,13-,45 Cross-contamination 
is inevitable in crowded spaces even though 
transmission may not necessarily result in infection. 

A distance of more than six feet (182.88 cm) away 
from a patient infected with COVID was considered 
a risk of disease transmission via aerosols.12,46 
Considering that aerosols may travel a longer distance  
before settling and continue to remain airborne for 30 
minutes after the dental procedure,47 the placement 
of plates at 40 cm could thus be perceived as a 
limitation of the present study. However, as the 

particle size increases (bacteria are larger than 
viruses), the distance travelled is shorter,48 and 
thus we consider the placement distance adequate 
for meeting the objectives of this study (to detect 
aerosol bacterial contamination). The systematic 
assessment and monitoring of dental aerosol to 
prevent transmission of infection is important,49 
and this is one of a paucity of studies conducted in 
Africa50 in the past decade.

The low yield of our findings is reassuring and 
indicates that dental aerosols do not pose a 
significant health hazard in transmitting AMR 
nosocomial infections in the dental clinic. Most 
studies of aerosol-generating procedures (AGP) use 
settle plates to detect droplets that have fallen,10,15,51 
even though settle plates may not capture aerosols 
that persist for longer periods, or the transmissibility 
of viruses.52

 
VITEK® technology was used for identifying the 
species and antimicrobial profiles of 119 species 
in this study. VITEK® technology is widely used to 
identify clinical and environmental microorganisms, 
and to determine microbial susceptibility to antibiotics 
with accurate and conclusive reliability,37,41 with the 
only limitation being attributed to the capacity of the  
system’s database.53 As in other studies,34,39,54 a 
variation in the bacterial composition of aerosols in 
the dental clinic was observed comprising a mixture 
of species from the environment, skin and oral cavity. 
Although few in number, less-reported antimicrobial 
resistant species were identified, making this an 
important contribution to the current literature.

As indicated above, the predominant isolates were 
gram-positive bacteria and included the genera  
Micrococcus, Staphylococcus, and Streptococcus. 
Gram-posi t ive baci l l i  previously reported 
included the genera Actinomyces, Bacillus and 
Corynebacterium.12,34,37,38,39,40,42,54

The predominant species in this study were 
Micrococcus luteus and S. homini, both of which  
have been reported in rare cases of infectious 
endocarditis and bacteraemia associated with dental 
procedures.55,56 Micrococci are found in abundance 
on the lingual surfaces intra-orally especially on the 
surface of the tongue,39 while S. hominis has been 
reported as a potentially pathogenic bacterium found 
in the human oropharynx and upper respiratory 
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tract.57 Staphylococcus aureus was not isolated 
from any of the plates in this study, and its absence 
coupled with the prominence of coagulase-negative 
staphylococci (CoNS) such as S. hominis, has been 
reported in other studies of airborne bacteria in 
dental clinics.58

Other gram-positive cocci isolated in this study that 
are rarely considered pathogenic and are under-
reported but have been implicated in nosocomially-
acquired endocarditis include Granulicatella,59 
Lactococcus lactis,60 and Gamella species.61 Among 
the gram-positive cocci, AMR was most prevalent 
in the CoNS bacteria with several species showing 
resistance to oxacillin, erythromycin, tetracycline, 
clindamycin, vancomycin, fucidin and fosfomycin 
as previously reported.62

 
Pseudomonas aeruginosa, S. aureus, Klebsiella spp, 
Enterococcus spp, Escherichia coli and CoNS are 
among the most common AMR nosocomial medical 
and dental pathogens63,64 with several species  
included in the consortium of ESKAPE pathogens 
(Enterococcus faecalis, Staphylococcus aureus, 
Klebsiella pneumoniae, Acinetobacter baumannii, 
Pseudomonas aeruginosa, and Enterobacter) 
that have gained interest in Dentistry, since they 
are frequently  associated with post-operative 
or opportunistic infections.65 Their antimicrobial 
resistance complicates effective antibiotic treatment 
and adversely affects the treatment of severely 
infected patients.66,67 K. pneumoniae, P. aeruginosa, 
A. baumannii, and S. aureus have been reported in 
infections in the oral and maxillofacial regions,67,68 

creating a need for further exploratory studies of 
the potential risk for nosocomial infection within the 
dental setting15,49 compared to the medical setting.
 
WHO has declared AMR as one of the top 10 global 
public health threats.69 Studies in the UK70 and 
America71 found that 80% of antibiotics prescribed 
for treatment and prophylaxis respectively, were 
inappropriate or totally unnecessary. Therefore, 
dental professionals should strive to reduce and 
prevent the indiscriminate use of antibiotics to reduce 
the risks of AMR.

Among the limitations of the study are
•	 A failure to recover Klebsiella or other 

enteropathic bacteria in the present study, 
may suggest that they are largely transmitted 

via direct contact and are not airborne. An 
examination of the gear worn by the dentist 
may have confirmed this and may be perceived 
as a limitation of the study. However, that was 
outside the scope of this study, and we believe 
that we have achieved the aim of the study 
which was to compare the airborne bacteria 
before and after treatment. 

•	 Failure to incubate the plates under anaerobic or 
capnophilic conditions may also be perceived as 
a limitation, since previous studies have listed 
Actinomyces and Capnocytophaga as anaerobic 
organisms isolated from dental aerosols34 and 
the HACEK group of bacteria (Haemophilus 
spp., Aggregatibacter actinomycetemcomitans, 
Cardiobacterium hominis, Eikenella corrodens, 
and Kingella kingae) have been implicated 
in the nosocomial transmission of infectious 
endocarditis.72 Although these genera grow 
better in anaerobic or capnophilic environments, 
some are aerotolerant and can grow on BA 
under facultatively anaerobic conditions as well, 
so their isolation would not have been missed 
in the present study. We considered the use of 
BA plates appropriate for this purpose since BA 
supports the growth of aerobes and facultative 
anaerobes, including gram-negative bacilli 
that are often selected for on MacConkey agar 
plates. However, the oral obligate anaerobes 
are extremely fastidious and would not have 
survived exposure to air for an hour, thus we did  
not consider anaerobic incubation of the exposed  
plates. However, we concede that settle plates 
may not provide an accurate presentation of 
the microbial composition of the aerosols in that 
there is a bias towards facultative anaerobes 
and aerobes and that DNA isolation and 
sequencing may prove more efficient.

Conclusion
The results of this study demonstrated that the 
index of microbial contamination was acceptable at 
baseline and during dental treatment and showed no 
risk for the transmission of AMR pathogens.

The empiric antibiotics most frequently used for the 
oral and maxillofacial area are amoxicillin-clavulanic 
acid, metronidazole, and erythromycin; however, 
the number of antibiotic-resistant bacteria is rapidly 
increasing, and therefore the dental team in close 
collaboration with pharmacists, microbiologists, and 
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other health care professionals, should work together 
to assure an antibiotic stewardship programme and 
stay abreast of AMR.

Species identification and antimicrobial profiles of 
bacterial isolates are important because antibiotics 
are prescribed by dentists for prophylaxis to 
prevent infectious endocarditis, to improve the 
outcome success of surgical interventions and to 
treat current oral infections. VITEK® and other 
automated technologies facilitate the process 
of regular environmental monitoring. Air quality 
analysis is an important component of environmental 
microbiological monitoring to determine the risk of 
transmitting AMR airborne infectious pathogens, 
especially in enclosed environments such as 
healthcare facilities. The scope for future studies 
should include consistent and systematic monitoring 
of nosocomial infections within the dental setting 
especially within the open-plan clinical training 
platform in dental schools. Acknowledging the inter-
disciplinary nature of the “One Health” framework will 
provide a better picture of the spread of AMR through 
environmental monitoring, thereby presenting a 
new dimension beyond just the inappropriate use 
of antimicrobials. This will inform more effective 
mitigation measures to reduce microbial air 
contamination and control the aerosole transmission 
of nosocomially-acquired AMR.
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